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Abstract  More than 5000 natural organohalogen compounds have been identified. 
In terrestrial environments, the bulk of the organochlorine is locked up in humic 
polymers, collectively accounting for a global organochlorine storage of several 
million Gg. Natural sources are primarily responsible for the global budget of 
chloromethane and chloroform. Basidiomycete fungi involved in the decomposition 
of forest litter produce large quantities of chlorinated phenolic methyl ethers. In 
marine environments naturally occurring chlorinated and brominated bipyrroles as 
well as methoxypolybrominated phenyl ethers biomagnify in sea mammals. There 
are at least five distinct halogenating enzyme systems: (1) methyl transferases; 
(2) heme haloperoxidases; (3) vandadium haloperoxidases; (4) flavin-dependent 
halogenases and (5) α-ketoglutarate/Fe(II) dependent halogenases. Natural 
halogenated phenolic metabolites are subject to biotransformation including 
O-demethylation and organohalide respiration. Naturally occurring phenolics are 
also polymerized by oxidative enzymes to dioxins and chlorohumus.

2.1 � Scope

The natural production of organohalogens is an important component of the 
halogen biogeochemical cycles. Over 5000 natural halogenated compounds have 
been identified so far as of 2012 (Gribble 1996, 2010, 2012). These naturally 
halogenated compounds are formed by living organisms such as microalgae, 
sponges, fungi, bacteria, higher plants, insects, and animals. Likewise such 
compounds are formed by abiotic process such as volcanoes, forest fires, and 
abiotic oxidation of soil organic matter. Over half of the natural organohalogens 
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described contain chlorine, about half contain bromine, and several hundred 
contain both chlorine and bromine. As of 2004, there were also approximately 110 
natural organoiodine and 30 organofluorine compounds described (Gribble 2004a).

The formation of organochlorine in terrestrial environments is known to be tightly 
linked to the decomposition of organic matter and processes of soil humus formation 
(Leri et  al. 2007; Myneni 2002). The use of in situ X-ray spectroscopic techniques 
has revealed that inorganic chloride in plant leaves is initially converted to aliphatic 
and aromatic organochlorine structures. At advanced stages of humification, the 
chlorinated aromatic fraction continues to increase whereas the chlorinated aliphatic 
fraction is stable (Leri et al. 2007; Leri and Myneni 2010; Myneni 2002; Reina et al. 
2004). The measured organohalogen or organochlorine content of soils measured 
around the world ranges from 12 to 340 mg organochlorine kg−1 soil dry weight (dwt) 
(Redon et al. 2013; Öberg 2003). The median organochlorine-to-organic carbon ratio 
in soils has been reported to be 2.3 mg organochlorine g−1 soil C (Öberg 2003). This 
value, when multiplied by the global organic carbon content of soils, indicates a global 
storage of organochlorine in the pedosphere of 3.35 ×  106 Gg (Öberg 2003). Field 
measurements of organochlorine formation rates in forest soils indicate a production 
rate of 0.35–0.5 kg organohalogen ha−1 y−1 (Öberg and Bastviken 2012).

2.2 � Evidence

There are multiple lines of evidence to support the large scope of natural 
organohalogen storage and production in terrestrial environments. Many of the 
studies evaluating soil organic matter utilize micro-coulometric measurement to 
assess organohalogens based on the corrosion of silver needed to replace silver ions 
precipitated by halides. Adsorbable organohalogens (AOX) measures the water 
soluble organic halogens that are adsorbable onto activated carbon and liberated by 
combustion (Asplund et al. 1989). Total organohalogen (TOX) measures the halogens 
in samples directly combusted (Hjelm et  al. 1995). In both cases, the combustion 
is performed after rinsing away inorganic halides with a nitrate/nitric acid solution. 
A variation of AOX and TOX is to directly measure halides captured from the 
combustion with ion chromatography (Biester et al. 2004; Putschew et al. 2003). In 
some studies, halides are measured by neutron activation analysis in sequentially 
extracted samples at a research nuclear reactor facility (Redon et  al. 2013). Lastly, 
isotopes such as radioactive 36Cl− are spiked into soil and the radioactivity is 
monitored over time in sequentially extracted soils (Gustavsson et al. 2012) or peat 
samples (Silk et al. 1997).

A critique of total organohalogen methods based on detecting halides in soil 
residue is that they do not account for intracellular cytoplasmic chloride of micro-
organisms (Bastviken et  al. 2007; Putschew et  al. 2003; Rohlenova et  al. 2009). 
Thus measures of total organohalogens in soil samples can potentially overesti-
mate the actual value. Freezing and thawing of samples prior to extraction has 
been proposed as a means of lowering this type of interference by enabling the 
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extraction of intracellular inorganic halides (Rohlenova et al. 2009). Nonetheless, 
there is no doubt that extensive chlorination of organic matter occurs during 
plant litter decay and soil humus formation. The measurement of organohalogens 
in water soluble humic fractions extracted from soil is not burdened by interfer-
ences caused by intracellular halides. Extensive incorporation of 36Cl into humic 
and fulvic acids of soils has been demonstrated (Rohlenova et al. 2009). Likewise 
AOX measurements in natural organic matter (NOM) of pristine surface water and 
ancient groundwater provides additional evidence that natural occurring organoh-
alogens are associated with humic materials (Asplund et al. 1989).

To add to the evidence, several research groups have utilized techniques to 
selectively fragment high molecular NOM or lignin into low molecular structures 
amendable to gas chromatography—mass spectrometry (GC-MS) or microwave 
induced plasma atomic emission detection (GC-AED). The techniques require 
derivatization of free OH groups. These techniques demonstrate aromatic substruc-
tures that are halogenated in decomposing wood, leaf litter, sphagnum peat, soil, or 
NOM recovered from surface water and groundwater. The corresponding nonderi-
vatized substructures are shown in Fig. 2.1. The fragments reveal that 3-chloro- and 
3,5-dichloro-p-hydroxybenzyl structures, 3,5-dichloro-p-anisyl, 5-chlorovanillyl as 
well as 2-chloro- and 2,6-dichlorosyringyl structures in addition to dichloro- and 

R

OH

Cl

RR

ClCl

R

OH

ClCl

R

OH

OCH3Cl

R

Cl

Cl

Cl Cl

Cl

R

OH

Cl OCH3

R

OH

OCH3CH3O

Cl Cl

R

OH

OCH3CH3O

Cl

Fig. 2.1   Chlorinated aromatic moieties determined after fragmenting humus in natural organic 
matter or lignin subjected to microbial decomposition (Dahlman et al. 1993; Flodin et al. 1997; 
Ortiz-Bermudez et al. 2007). From left to right, top row 3-chloro- and 3,5-dichloro-p-hydroxy-
benzyl structures, 3,5-dichloro-p-anisyl; middle row 5-chlorovanillyl as well as 2-chloro- and 
2,6-dichlorosyringyl. Bottom row to 3-5-dichloro- and 2,4-dichlorobenzyl and trichlorobenzyl
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trichlorobenzyl structures are embedded in high MW NOM and decomposing 
lignin (Dahlman et al. 1993; Flodin et al. 1997; Ortiz-Bermudez et al. 2007).

Most recently, synchrotron enabled technique such as near edge X-ray absorp-
tion fine structure (NEXAFS) spectroscopy and extended X-ray absorption fine 
structure spectroscopy (EXAFS) provide spectroscopic evidence of organochlo-
rine formation during forest litter decomposition and humus formation (Leri et al. 
2007; Myneni 2002; Reina et al. 2004). These techniques can distinguish between 
unique spectroscopic signatures for inorganic chloride from those for aliphatic and 
aromatic organochlorines.

The de novo synthesis of organohalogens by living organisms provides compelling 
evidence for the natural formation of organohalogens. Basidiomycete fungi are the 
main group of organisms responsible for the decay of lignocellulosic forest litter 
(Frankland et  al. 2009). A total of 191 Basidiomycete fungal strains were tested on 
defined medium for the production of AOX and half of them were shown to signifi-
cantly produce AOX beyond background levels. High levels (5–67 mg AOX L−1) 
were produced in 9 % of the strains. Fungi belonging to the genus Hypholoma had 
the highest specific production with AOX equivalent to 1.8–3.1 % of their mycelium 
dwt. The fungi also produced AOX on natural substrates such as forest litter and wood 
with levels of AOX reaching 61, 115, and 193 mg kg−1 dwt substrate on wood, straw, 
and forest litter, respectively (Verhagen et al. 1996; Öberg et al. 1997). Thus, the syn-
thesis of organohalogen metabolites is associated with the decomposition of forest 
litter.

2.3 � Halogenated Metabolites

Living organisms produce a multitude of halogenated metabolites (Gribble 1996, 
2010). Reviews of organohalogen metabolites produced by marine algae (Ballschmiter 
2003; Cabrita et al. 2010; Vetter 2006) and fungi (de Jong and Field 1997; Field and 
Wijnberg 2003; Rezanka and Spizek 2005) are available. The diversity of metabolites 
found in bacteria, sponges, lichens, higher plants, insects, and mammals can be found 
in reviews by Gribble (2003a, b, 2004b, 2012). Due to the large diversity of halome-
tabolite structures, a focus will be placed on metabolites which are either identical or 
structurally similar to halogenated pollutants susceptible to organohalide respiration or 
other mechanisms of anaerobic bacterial dehalogenation. The categories of compounds 
to be considered will include halomethanes, chloroethenes, chloroacetic acids, chlo-
rophenols, polychlorinated dibenzodioxins/furans, and polybrominated diphenylethers.

2.3.1 � C1 and C2 Metabolites

Chloromethane  Fungi, plants and marine algae are known sources of 
chloromethane (compound 1) (Harper 1985, 2000; Harper and Hamilton 2003). 
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Polypore white rot fungi are an important biological source of chloromethane, 
especially those of the Hymenochaetaceae family (Harper and Hamilton 2003). 
The highest producers are within the genus Phellinus, which convert up to 
80–90 % of inorganic chloride in the growth medium to chloromethane. The rate 
of chloromethane formation is as high as 20 mg chloromethane kg−1 fresh weight 
(fwt) mycelium d−1 (Harper and Hamilton 1988). Phellinus spp. are also capable 
of methylating bromide and iodide (Harper and Hamilton 2003).

Tropical plants have also been implicated in an extensive production of chlo-
romethane (Yokouchi et al. 2002). The flux of chloromethane from the leaves of 
selected tropical plants is reported to range from 1680 to 44,160 mg kg−1 dwt d−1. 
Likewise microalgae and microalgae from marine environments produce low lev-
els of chloromethane as well as bromo- and iodomethanes (Harper and Hamilton 
2003; Harper 2000; Gribble 2010).

The median estimate of the global production of chloromethane and released to 
the atmosphere is 3000 Gg y−1 (Keppler et al. 2005). The anthropogenic contribu-
tion is about 5 % (industrial, coal combustion, and incineration). The contribution 
due to tropical plants is estimated at 910 Gg y−1 (or 30 % of global production). 
The contribution from fungi is estimated to be about 160 Gg y−1 (or 5 % of global 
production, which is equivalent to the anthropogenic contribution).

Chloroform  There is strong evidence that chloroform is produced naturally. 
Several organisms have been shown to produce chloroform. Pure cultures of the 
fungus Caldariomyces fumago, well known for producing chloroperoxidase, were 
shown to produce chloroform at rates ranging from 0.07–70 μg L−1 culture fluid 
d−1, depending on the culture conditions. Additionally a few basidiomycetes, 
Mycena metata and Peniophora pseudopini, were also shown to produce chloro-
form in pure cultures at rates of 0.7–40 ng L−1 culture fluid d−1 (Hoekstra et al. 
1998b). Termites have been shown to produce chloroform (Khalil et  al. 1990). 
Marine macroalgae and microalgae were also implicated in the production of chlo-
roform (Nightingale et  al. 1995; Scarratt and Moore 1999). The highest rate of 
chloroform production in macroalgae reaching 200 μg kg−1 dwt biomass d−1 was 
observed with brown seaweed, Laminaria saccharina (Nightingale et  al. 1995). 
Macroalgae are however much better at producing bromoform. L. saccharina was 
also the highest producer with a bromoform production rate of 30 mg kg−1 dwt 
biomass d−1 (Nightingale et al. 1995). Bromoform is the most dominant volatile 
organohalocarbon produced by marine macroalgae accounting for 79–92  % of 
all volatile organohalogens this organism group produces, depending on region 
(Laturnus 2001).

Formation of chloroform has been noted in soil and peat in several studies 
(Gron et al. 2012; Haselmann et al. 2000a, b, 2002; Simmonds et al. 2010). The 
evidence is strengthened by de novo production when soil samples are incubated 
in closed bottles in the laboratory (Gron et al. 2012). In one study, the top layer of 
soil was spiked with 37Cl− NaCl and subsequently chloroform enriched with 37Cl 
was detected, providing conclusive proof of de novo chloroform formation in top 
soil (Hoekstra et al. 1998a).
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The enzyme chloroperoxidase (CPO) is responsible for the formation of chloro-
form when it is incubated with humic substances. Reactions of CPO with aquatic 
NOM and humic acids from peat produced up to 240  μg L−1 of chloroform 
(Breider and Hunkeler 2014a). The maximum rates of chloroform production with 
CPO incubated with humic acids were 1.4  mg L−1 d−1 (Breider and Hunkeler 
2014b). Mechanistically, CPO is responsible for the formation of hypochlorous 
acid (HOCl) and phenolic moieties in humus become chlorinated in the chemical 
reaction with HOCl. Reaction schemes have been proposed for phenol (Breider 
and Hunkeler 2014b) and resorcinol (Hoekstra et al. 1999a) as shown in Fig. 2.2. 
In support of this hypothesis is the detection of CPO in forest soil and decompos-
ing wood (Ortiz-Bermudez et al. 2007; Laturnus et al. 1995; Asplund et al. 1993).

The global production of chloroform and released to the atmosphere is esti-
mated at 700–820  Gg y−1 (Laturnus et  al. 2002; Gribble 2010). The known 
anthropogenic sources only account for 60–73 Gg y−1, thus 90 % or more of the 
estimated annual chloroform production is natural. The most important natural 
sources are oceans, soil, termites, and microalgae.

Trichloroacetic acid  The natural occurrence of trichloroacetic acid (TCAA) has 
been inferred by its presence in bog water (Niedan and Schöler 1997; Haiber et al. 
1996) and in pristine forest soils (Hoekstra et al. 1999a; Frank 1988). Biological for-
mation of TCAA occurs when CPO is incubated with humic substances or simple 
organic acids (Haiber et al. 1996; Niedan et al. 2000). A mechanism of TCAA forma-
tion during the chlorination of the phenolic moiety, resorcinol, is shown in Fig. 2.2.

Chloroethanes and chloroethenes  Marine algae have been reported to produce 
trichloroethene (TCE) and tetrachloroethene (PCE) (Abrahamsson et al. 1995; Collen 
et al. 1994). Rates up to 81.6 and 0.2 mg kg−1 fresh wt d−1 TCE and PCE, respec-
tively, were recorded in the highest producing red algae species. However, these 
results have only been reported from one research group. Another research group 
made an extensive attempt to confirm biogenic production from the highest pro-
ducing algae but was unsuccessful (Marshall et al. 2000). TCE and PCE were also 
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reported in salt lake sediments at concentrations up to 1.65 and 8.53 µg kg−1 fresh wt 
(Weissflog et al. 2005). Incubations of salt lake sediment samples in closed bottles in 
the laboratory indicated de novo production was taking place, reaching levels as high 
as 25 and 50 µg kg−1 fresh wt, respectively, after 6 weeks (Weissflog et al. 2005).

2.3.2 � Phenolic Compounds, Benzoates and Their Methyl 
Ethers

Simple phenols  A selection of simple phenols that is known to be produced by 
living organisms are shown in Fig. 2.3. 2,6-dichlorophenol has been identified as a 
natural product (sex hormone) in many species of ticks (Gribble 1996). The metabo-
lite 2,4-dichlorophenol was shown to be produced by the soil fungus Penicillium sp. 
(Ando et al. 1970). A litter-degrading fungus, Lepista nuda, was shown to produce 
low levels of 2,6-dichloroanisole (Hjelm et al. 1999). Another litter-degrading fungus 
from the tropics, Mycena sp., produced tetrachlorocatechol and tetrachloroguaiacol 
(Daferner et al. 1998) are as shown in Fig. 2.3. Lastly, three trichlorinated phenols 
were observed as metabolites in the sphagnum moss inhabiting fungus Hypholoma 
elongatum (Swarts et al. 1998). These metabolites were 2,4,6-trichloro-3-methoxy-
phenol, 3,5,6-trichloro-2,4-dimethoxyphenol and 3,4,6-trichloro-2,5-dimethoxy-
phenol (Fig. 2.3). In marine environments, red, green and brown macroalgae were 
shown to produce various congeners of bromophenols, with 2,4,6-tribromophenol 
being one of the most predominant congeners found (Paul and Pohnert 2011).

Strong evidence for the natural formation of chlorophenols was obtained by 
spiking forest soil with 37Cl− and subsequently detecting chlorophenols enriched 
with 37Cl. Using this method, the natural formation of 4-chlorophenol, 2,4-(or 
2,5-)dichlorophenol, 2,6-dichlorophenol, and 2,4,5-trichlorophenol was confirmed 
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(Hoekstra et al. 1999b) (Fig. 2.3). The strongest enrichment in 37Cl was observed 
for 4-chlorophenol. The sum of all simple chlorophenols detected in forest soils 
ranged up to 71 μg kg−1 dwt.

Chlorinated anisyl metabolites  A family of metabolites known as the chlo-
rinated anisyl metabolites (CAM) are produced in large quantities by numer-
ous basidiomycete fungi (de Jong and Field 1997; de Jong et al. 1994; Field et al. 
1995; Field and Wijnberg 2003; Swarts et  al. 1997). The family is composed of 
3-chloro- or 3,5-dichloro- p-anisyl alcohols and aldehydes (Fig.  2.4). Also the 
benzoic acid (anisate) form of these metabolites has also been found in the litter-
degrading fungus L. nuda (Hjelm et  al. 1996) and in culture fluids of white rot 
fungi of to the Bjerkandera genus (Swarts et al. 1996) and Hypholoma fasciculare 
(Verhagen et  al. 1998b). The production of CAM metabolites is significant, with 
levels of CAM commonly ranging between 2 and 37 mg CAM L−1 in the broths 
of pure cultures of CAM-producing basidiomycetes (de Jong et al. 1994; Verhagen 
et al. 1998b), with one exceptional fungus, H. elongatum, producing up to 108 mg 
CAM L−1 (Swarts et  al. 1997). Likewise, CAM metabolites are detected at rela-
tively high concentrations in the field. CAM concentrations of 7–180  mg  kg−1 
dwt of litter or wood colonized by CAM-producing fungi have been observed 
(de Jong et  al. 1994; Hjelm et  al. 1996). Composite forest litter has measurable 
concentrations of CAM up to 4.5  mg  kg−1 dwt (de Jong et  al. 1994). Estimates 
of CAM production indicate approximately 300  g  ha−1 y−1 in Dutch forests  

OCH3

CH2OH

ClCl

OCH3

CH2OH

Cl

OCH3

CHO

ClCl

OCH3

CHO

Cl

3,5-dichloro-p-anisyl alcohol 3-chloro-p-anisyl alcohol

3,5-dichloro-p-anisaldehyde 3-chloro-p-anisaldehyde

OH

OCH3

ClCl

Cl Cl

OH

OCH3

ClCl

OCH3

OCH3

ClCl

Cl Cl

drosophilin A
(DA)

drosophilin A methyl ether 
(DAME)

OCH3

OCH3

ClCl

OCH3

OCH3

Cl

2-chloro-1,4-
dimethoxybenzene

2,6-dichloro-4-methoxyphenol

2,6-dichloro-1,4-
dimethoxybenzene

OCH3

COOH

ClCl

OCH3

COOH

Cl

3,5-dichloro-p-anisate 3-chloro-p-anisate

CAM CHME

Fig.  2.4   Chlorinated anisyl metabolites (CAM) and chlorinated hydroquinone methyl ethers 
(CHME). References are provided in the text



152  Natural Production of Organohalide Compounds in the Environment

(Field and Wijnberg 2003). This value corresponds to 100 g AOX ha−1 y−1 for just 
one family of metabolites, and provides a quantity equivalent to 20–29 % of the field 
measured organochlorine formation rates in forests (Öberg and Bastviken 2012).

Chlorinated hydroquinone methyl ethers  Another important group of fungal 
chlorophenolic metabolites are the chlorinated hydroquinone methyl ethers (CHME) 
shown in Fig.  2.4. Tetrachlorinated drosophilin A (DA) and drosophilin A methyl 
ether (DAME) are found in numerous species of basidomycetes (Teunissen et  al. 
1997; de Jong and Field 1997), including Agaricus bisporus, the common store-
bought white button mushroom. Concentrations of DA and DAME are typically 
found in the culture fluid in the range of 0.14–0.7  mg L−1, with one exceptional 
white rot fungal species, Phellinus fastuosus, producing 11 mg L−1 (Swarts et  al. 
1998; Teunissen et al. 1997). Pure crystals of DAME have been found in the heart-
wood of mesquite trees being degraded by the basidiomycete, Phellinus badius 
(Garvie et al. 2015). In addition to DA and DAME, 2-chloro-1,4-dimethoxybenzene, 
2,6-dichloro-1,4-dimethoxybenzene and 2,6-dichloro-4-methoxyphenol have been 
identified as fungal metabolites (Hjelm et al. 1996; Swarts et al. 1996; Spinnler et al. 
1994; de Jong and Field 1997). The environmental importance of DA has recently 
come to light when it was reported that it potentially biomagnifies along the food 
chain. DA was found at concentrations of 1 mg kg−1 lipids in the meat of wild boars 
in Germany (Hiebl et al. 2011). Wild mushroom are considered an important com-
ponent of the wild boar diet.

Chlorinated benzoic acids  Evidence for the natural formation of chlorinated benzoic 
acids is limited to a few environmental measurements and several examples of chlo-
rinated benzoic acids as metabolites. Structures of some of the naturally occurring 
chlorinated benzoic acids are shown in Fig. 2.5. The environmental evidence is based 
on the occurrence of 2,4-dichlorobenzoic acid in bog water and sediments from pris-
tine environments (up to 0.48 μg L−1 and 3.4  mg  kg−1 dwt, respectively) (Niedan 
and Schöler 1997). A cyanobacterium, Fischerella ambigua, was shown to produce 
2,4-dichlorobenzoic acid with a yield of 135 mg kg−1 dwt cell biomass (Wright et al. 
2005). Two hydroxylated chlorinated benzoic acid metabolites, 3-chloro-p-benzoic acid 
and 3,5-dichloro-p-benzoic acid, were observed in the culture fluids of the white rot 
fungus Bjerkandera (Swarts et al. 1996).
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2.3.3 � Multi-ring Phenolic Metabolites

Diphenyl ethers  A large number of marine sponges produce polybrominated 
diphenyl ethers (PBDEs) (Gribble 1992, 2010). Examples of natural PBDEs 
from sponges such as 4,5,6,2′,4′-pentabromo-2-hydroxydiphenyl ether and 
3,5,4′,5′,6′-2,2′-dimethoxydiphenyl ether are shown in Fig.  2.6. PBDEs have also 
been detected in macroalgae samples (Haraguchi et al. 2010). Archived samples of 
whale oil from 1921 contain PBDEs, providing supporting evidence of their natu-
ral occurrence since 1921 predates the industrial production of PBDEs (Gribble 
2010). Methoxy-PBDEs have also been found in fish and sea mammals and 
strong evidence is presented that they bioaccumulate (Vetter 2006; Teuten et  al. 
2005). Polychlorinated diphenyl ethers are known from the freshwater fungus 
Krischsteiniothelia (Poch et  al. 1992) and the cyanobacterium F. ambigua (Wright 
et  al. 2005) (e.g. ambigol B in Fig.  2.6). Mushrooms of the basidomycete fungus 
Russula subnigricans contain several chlorinated polyphenyl ethers such as russuphe-
lin-A (shown in Fig. 2.6), which was recovered at a concentration of 247 mg kg−1 
fresh wt of mushrooms (de Jong and Field 1997; Takahashi et al. 1992).

Chlorinated xanthones and anthraquinones  A large variety of chlorinated xan-
thones are produced by lichens (Gribble 1996, 2010). The metabolite, 4,5-dichlo-
ronorlichexanthone (Fig. 2.6) is produced by the largest diversity of lichens. Both 
fungi and lichens are well known for their production of chlorinated anthraqui-
nones (Gribble 1996, 2010). The metabolite 7-chloroemodin (Fig. 2.6) is produced 
by the greatest diversity of fungi.

Chlorinated dibenzodioxins/furans  Chlorinated dibenzodioxins/furans have 
been detected in archived soil samples from 1880 and in deep peat bog sediment 
layers, including those deposited up to 5000  years ago, indicating that dibenzo-
dioxins/furans have a natural origin (Green et  al. 2001, 2004; Silk et  al. 1997). 
Important congeners in deep bog layers include 2468-TCDF and 1379-TCDD 
(Fig. 2.6) (Green et al. 2004; Silk et al. 1997). Natural chlorinated dibenzodioxin/
furan formation has been attributed to the oxidation of chlorinated phenols cat-
alyzed by peroxidases and clay. The formation of dioxins from the oxidation of 
simple chlorophenols has been demonstrated with chloroperoxidase (Silk et  al. 
1997), horseradish peroxidase (Wittsiepe et al. 1999; Öberg and Rappe 1992), lac-
toperoxidase (Öberg and Rappe 1992), myeloperoxidase (Wittsiepe et  al. 1999) 
and manganese peroxidase (Munoz et  al. 2014). Likewise certain clays with 
Fe(III) were shown to oxidize chlorophenols to chlorinated dibenzodioxins (Gu 
et al. 2011; Holmstrand et al. 2006; Horii et al. 2008). The best evidence for natu-
ral formation of chlorinated dibenzodioxins comes from spiking forest soil with 
37Cl−, and demonstrating the natural formation of 37Cl enriched precursors, chlo-
rophenols, as well as, 37Cl enriched chlorinated dibenzodioxins (Hoekstra et  al. 
1999b). Recently, the peroxidase oxidation of bromophenols was also shown to 
oxidize the naturally occurring 2,4,6-tribromophenol (in marine environments) to 
1,3,6,8-tertrabromodibenzodioxin by bromoperoxidase (Arnoldsson et al. 2012).
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2.3.4 � Chlorinated and Brominated Bipyrroles

A heptachlorometabolite of putative natural origin has been found to accumulate 
in the lipids of sea mammals (Vetter et al. 2001; Vetter 2006). This compound has 
been designated Q1 and has been found in the blubber of dolphins at concentra-
tions ranging from 450 to 9100 μg kg−1 lipids (Vetter et al. 2001). The chemical 
structure of Q1 has been elucidated as 2,3,3′,4,4′,5,5′-heptachloro-1′-methyl-1,2′-
bipyrrole (Fig.  2.7) (Wu et  al. 2002). Passive samplers placed around the Great 
Barrier Reef indicate that Q1 is produced naturally in that ecologically rich system 
(Vetter et al. 2009).
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A tetrabrominated and dichlorinated metabolite similar in structure to Q1 
has also been identified in as a putative natural marine metabolite biomagni-
fied in seabird eggs (Tittlemier et  al. 1999). Its structure has been elucidated as 
5,5′-dichloro-1,1′-dimethyl-3,3′,4,4′-tetrabromo-2,2′-bipyrrole (Fig. 2.7). This com-
pound together with related halogenated dimethyl-bipyrrole compounds have been 
detected in a variety of sea mammals and there is evidence of their biomagnification 
with trophic level in the food chain (Vetter 2006).

2.4 � Abiotic Formation Chlorinated Compounds in Soil

During the diagenesis of soil, there are important mechanisms leading to the abi-
otic formation of chlorinated compounds. A series of studies has demonstrated for-
mation of simple chlorinated C1 and C2 compounds due to the oxidation of humus 
in soil by Fe(III) in the presence and absence of H2O2. The first of these stud-
ies demonstrated that chloromethane, bromo- and iodomethane were produced in 
response to the oxidation of soil organic matter with Fe(III) (Keppler et al. 2000). 
A similar pattern was also observed using guaiacol (2-methoxyphenol) as a model 
for soil organic matter together with ferrihydrite as a model for Fe(III) minerals. 
Chloromethane, bromomethane, or iodomethane were each produced depending 
on whether 10 mM KCl, KBr or KI was provided as the halide.

The natural formation of vinyl chloride (chloroethene) was indicated in a study 
where top soil air was observed to be highly enriched in vinyl chloride concen-
tration compared to ambient air (60–850 times greater) (Keppler et al. 2002). In 
contrast, no enrichment of trichloroethene was observed in soil air. The abiotic 
oxidation of soil organic matter with Fe(III) was shown to form vinyl chloride 
(Keppler et  al. 2002). Vinyl chloride, chloromethane, chloroethane and chloro-
propane production was also observed in a model system with Fe(III), KCl and 
catechol as a model for humus. The vinyl chloride production in soil or in the cat-
echol model system increased if the reaction mixture also contained H2O2.

Oxidation of catechol with Fe(III) also resulted in the formation of chloroacety-
lene (chloroethyne) (Keppler et al. 2006) and the addition of H2O2 to the reaction 
mixture increased the amount of chloroacetylene formed. Like in the case of vinyl 
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chloride, enrichment of chloroacetylene was also observed in topsoil air (Keppler 
et al. 2006). An overall reaction scheme for the oxidation of catechol to chlorin-
ated alkanes, vinyl chloride, and chloroacetylene is shown in Fig. 2.8.

The addition of Fe(III) and H2O2 together with NaCl, humic acid or phenolic 
model substrates led to the formation of dichloroacetic acid (DCAA) and to a 
lesser extent TCAA (Fahimi et al. 2003). After the addition of Fe(III), NaCl, and 
H2O2 to soil, the collective formation of chloroacetic acids reached 1.5 mg kg−1 
soil. In similar experiments, the formation of chloroform was also reported when 
oxidizing soil or phenolic model compounds with Fe(III), KCl, and H2O2 (Huber 
et  al. 2009). Bromoform and trihalomethanes substituted with both chlorine and 
bromine were observed when KBr was added to the model systems or when soils 
containing bromide were used.

Plants with pectin and pectin itself serve as a methyl donor to form chlorometh-
ane when heated in the presence of chloride (Hamilton et al. 2003). In short-term 
temperature ramping experiments, significant formation of chloromethane starts 
after surpassing 170 °C. By the time the temperature was ramped up to 270 °C, 
35 g CH3Cl kg−1 pectin was produced while all the chloride was consumed. Long 
term experiments with pectin containing horse chestnut leaves allowed to slowly 
dry, rates of 30–50 μg CH3Cl kg−1 d−1 dwt leaf mass were observed at 40 °C.

2.5 � Biosynthesis of Natural Organohalogens

There are multiple enzyme systems responsible for the formation of organohalogens. 
Simple halomethanes are formed by methyl transferases, which transfer a methyl 
group from S-adenosylmethionine (SAM) to a chloride, bromide or, iodide ion 
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(Murphy 2003). Heme-containing haloperoxidases such as chloroperoxidase (CPO) 
uses peroxide (H2O2) to convert halides to hypohalous acids, such as hypochlorous 
acid (HOCl) which in turn chemically halogenate organic molecules (Murphy 2003; 
Butler and Sandy 2009). There are also haloperoxidases without heme groups, such 
as vanadium peroxidase, which uses H2O2 to oxidize bromide to form hypobromous 
acid (HOBr) that in turn chemically brominates organic molecules (Wever and van 
der Horst 2013).

In contrast to haloperoxidases, there are halogenating enzymes that catalyze 
more specific halogenation reactions during metabolite biosynthesis. One such 
group of halogenating enzymes are the flavin-dependent halogenases (Murphy 
2003; Butler and Sandy 2009; Chen and van Pee 2008). Flavin-dependent 
halogenases are implicated in the synthesis of halogen-containing intermediates 
during microbial antiobiotic biosynthesis such as tryptophan 7-halogenase in 
the biosynthesis of pyrrolnitrin by Pseudomonas fluorescens (Chen and van Pee 
2008). During the enzyme catalytic cycle, a flavin peroxide is formed that oxidizes 
chloride to HOCl. The chlorine of HOCl is enzymatically inserted into tryptophan 
(as opposed to the random chemical reaction induced by CPO).

Another type of specific halogenase is the α-ketoglutarate-dependent 
halogenase. This type of halogenase requires α-ketoglutarate and Fe(II) and is 
responsible for the halogenation of peptides of nonribosomal synthetic origin 
(Chen and van Pee 2008; Butler and Sandy 2009). The α-ketoglutarate-dependent 
halogenases are the only halogenases that attach chloride (or other halides) onto 
carbons without double bonds.

Some of the most abundant halogenated secondary metabolites in terrestrial 
environments belong to the CAM family produced by basiomycete fungi. Through 
the use of isotopically labeled precursors (Mester et al. 1997; Silk et al. 2001) or 
fluorinated precursors (Silk and Macaulay 2003; Lauritsen and Lunding 1998), the 
biosynthetic precursors of CAM have been identified. L-phenylalanine is the com-
mon precursor, which is metabolized to benzoic acid and subsequent hydroxyla-
tion in the para position yields 4-hydroxybenzoic acid. This intermediate becomes 
chlorinated in the ortho position(s) of the hydroxyl group and is subsequently 
methylated to form chlorinated p-anisic acids which are reduced by aryl alcohol 
dehydrogenases to CAM (Field and Wijnberg 2003).

2.6 � Biodegradation and Biotransformation of Natural 
Organohalogens

Natural organohalogens are subject to biodegradation and biotransformation. The 
anaerobic and aerobic biodegradation of the significant naturally occurring chlo-
rinated methanes, chloromethane, and chloroform have been reviewed elsewhere 
(Field and Sierra-Alvarez 2004; Harper 2000). A review of aerobic and anaero-
bic biodegradation of the ubiquitous and naturally occurring TCAA and DCAA 
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has also been provided earlier (Field and Sierra-Alvarez 2004). Interestingly, 
TCAA is an electron acceptor for the organohalide-respiring bacterium, Geobacter 
(formerly Trichlorobacter) thiogenes (De Wever et al. 2000).

The anaerobic biotransformation of CAM to chlorophenols by anaerobic mixed 
cultures has been documented. The CAM 3,5-dichloro-p-anisyl alcohol was trans-
formed progressively by demethylation and oxidation of the benzylic carbon lead-
ing to accumulation of 3,5-dichloro-p-hydroxybenzoic acid, which in turn became 
decarboxylated to yield 2,6-dichlorophenol (Verhagen et  al. 1998a). During the 
biotransformation, there is a chemical coupling reaction of 3,5-dichloro-p-hy-
droxybenzyl alcohol to yield a tetrachlorinated dimer, bis(3,5-dichloro-4-hydroxy-
phenyl)methane (Verhagen et al. 1998a).

The anaerobic biotransformation of CHME has also been documented. An 
anaerobic enrichment culture was responsible for demethylating DAME and DA 
yielding tetrachloro-1,4-hydrquinone, this intermediate was in turn progressively 
dechlorinated yielding 1,4-hydroquinone (Milliken et  al. 2004b). Organohalide 
respiring bacterial isolates of Desulfitobacterium, initially dechlorinated DA to 
3′,5-dichloro-4-methoxyphenol. Subsequently that intermediate was demethylated 
to 2′,6-dichloro-1′,4-hydroquinone and the desulfitobacterium strains subsequently 
continued to dechlorinate the molecule, ultimately yielding 1′,4-hydroquinone 
(Milliken et al. 2004b). Desulfitobacterium sp. strain PCE1 and a microbial con-
sortium from Baltimore Harbor sediments were also discovered that demethylate, 
reductively dehydroxylate, and dechlorinate DA to chlorophenols (Milliken et al. 
2004a). The main chlorophenol congener that accumulated was 2,3,5,6-tetrachlor-
phenol and to a lesser extent 2,3,5-trichlorophenol accumulated as well.

Under aerobic conditions, the CAM, was readily mineralized to inorganic 
chloride and CO2 by Burkholderia spp. bacterial soil isolates from an oak forest 
soil. The organic chlorine and carbon in 3,5-dichloro-p-anisyl alcohol supplied at 
350 mg L−1 were converted to Cl− (100 % recovery) and CO2 (60 % recovery), 
respectively, within 20 days (Field and Wijnberg 2003).

Chlorinated xanthones, such as 2,7-dichloroxanthone and 5,7-dichloro-
1,3-dihydroxylxanthone, were dechlorinated by soil microbial cultures in 
anaerobic microcosms (Krzmarzick et al. 2014). The chlorinated xanthones were 
dechlorinated by two of the soil samples tested with the concomitant formation 
of the nonchlorinated daughter products, xanthone and 1,3-dihydroxylxanthone, 
respectively. Bacteria belonging to the Firmicutes “Gopher group” were enriched 
in the dechlorinating cultures compared to control cultures. The “Gopher group” 
is a group of Firmicutes related to the known organohalide-respiring genera 
Dehalobacter and Desulfitobacterium.

Another study by the same research group found widespread occurrence 
of Dehaloccocoides-like Chloroflexi 16S rRNA genes in pristine soil samples 
(Krzmarzick et  al. 2012). The numbers of Dehaloccocoides-like Chloroflexi 16S 
rRNA genes were positively correlated with the organochlorine/total organic car-
bon ratio of soil samples, whereas no such correlation could be found for universal 
bacterial 16S rRNA genes. Moreover, CPO-synthesized chlorohumus was shown 
to be reductively dechlorinated by soil microorganisms as evidenced by chloride 
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release and enrichment of the number of Dehaloccocoides-like Chloroflexi 16S 
rRNA genes when the microcosms were incubated anaerobically.

During the decomposition of soil litter, humus forming reactions occur due to 
the polymerization of phenolic compounds originating from the decay of plants 
or as secondary metabolites of microorganisms. Chlorinated secondary aromatic 
metabolites such as CAM and CHME will become copolymerized into the chlo-
rohumus by extracellular phenol oxidizing enzymes (peroxidases or laccases) or 
mineral oxidants (e.g. MnO2) (Ruttimann-Johnson and Lamar 1996; Pizzigallo 
et al. 1995; Lassen et al. 1994). The microbial demethylation of methoxy-groups 
yielding, chlorinated phenols from CAM and CHME will activate such molecules 
for the oxidative polymerization reactions catalyzed by enzymes and/or MnO2. An 
alternative synthesis of chlorohumus is via the activity of extracellular CPO. The 
chlorination of aromatic moieties in fulvic acid with CPO has been demonstrated 
(Niedan et al. 2000). In nature, probably both mechanisms play an important role 
in the formation of chlorohumus.

2.7 � Conclusions

The evidence presented in this chapter indicates an extensive scope of natural 
organohalogen production in the earth’s biosphere with over 5000 natural 
organohalogen compounds described and an estimated terrestrial storage of several 
million Gg of organochlorine. The vast majority of the identified organohalogen 
compounds were shown to be produced as natural metabolites by organisms 
such as fungi, algae, bacteria, and plants. Likewise abiotic mechanisms are 
also known. The types of natural organohalogens produced are halogenated 
methanes, halogenated acetic acids, methyl ethers of chlorophenolic compounds, 
polychlorinated dibenzodioxins/furans, and polybrominated diphenylethers. In the 
terrestrial environments, wood and litter-degrading fungi produce large quantities 
of chlorinated anisyl and chlorinated hydroquinone methyl ether metabolites. In 
marine environments, polybrominated diphenylethers and chlorinated/brominated 
bipyrroles of presumed natural origin are consistently detected in the lipids of 
sea mammals. Diverse enzymatic and abiotic mechanisms are available in nature 
to account for the halogenation of the natural organohalogen metabolites. The 
enzymatic mechanisms include: (1) methyl transferases; (2) heme haloperoxidases 
(3) vandadium haloperoxidases; (4) flavin-dependent halogenases and (5) 
α-ketoglutarate/Fe(II) dependent halogenases. The natural organohalogen metabolites 
are subject biotransformation and biodegradation including organisms responsible 
for halorespiration. Chlorinated anisyl and chlorinated hydroquinone methyl ether 
metabolites are subject to O-demethylation generating chlorinated phenols as 
biotransformation products that can be oxidatively polymerized into humus forming 
so called “chlorohumus”. Chlorohumus can also be formed by direct reaction of 
chloride with humus by chloroperoxidases. Chlorohumus may be representative of the 
species responsible for the large quantities of terrestrial organochlorine in Earth’s soil.
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